Introduction {#s1}
============

Plant metabolism is maintained by universal metabolic cornerstones including pyridine nucleotides such as nicotinamide adenine dinucleotide (NAD) ([@B56]; [@B23]). NAD and its phosphorylated form NADP are ubiquitous electron carriers modulating energy homeostasis through the transport of electrons within reduction--oxidation (redox) processes ([@B24]; [@B22]). As a result of its capacity to transfer electrons, NAD(P) is present in the cell as oxidized or reduced forms, NAD(P)^+^, and NAD(P)H, respectively, where NAD(P) refer to as the total pool of NAD(P)^+^ and NAD(P)H. In plant cells, while NAD is mostly found as oxidized NAD^+^, NADP mostly acts as a reductant (NADPH) ([@B56]; [@B23]). For instance, the regeneration of reducing equivalents (NADPH) by the oxidative pentose phosphate pathway is necessary for the β-oxidation of fatty acids and for nitrogen assimilation in non-photosynthetic tissues ([@B54]; [@B11]). Phosphorylation of NAD(H) to NADP(H) is catalyzed *via* highly conserved NAD^+^ kinases (E.C. 2.7.1.23) and NADH kinases (E.C. 2.7.1.86) playing essential roles in metabolic and redox reactions including photosynthesis performance and reactive oxygen species (ROS) homeostasis, which are both crucial for plant growth and responses to stress ([@B71]; [@B73]; [@B44]; [@B41]).

Plant cells produce NAD^+^ from the amino acid aspartate *via* a *de novo* biosynthesis and a recycling pathway ([**Figure 1**](#f1){ref-type="fig"}) ([@B37]; [@B23]). Briefly, *de novo* synthesis starts with quinolinate formation in the chloroplast ([@B37]) from aspartate and dihydroxyacetone phosphate by aspartate oxidase (AO; E.C. 1.4.3.16) plus quinolinate synthase (QS; E.C. 2.5.1.72) ([**Figure 1**](#f1){ref-type="fig"}). Quinolinate phosphoribosyltransferase (QPT; E.C. 2.4.2.19) catalyzes the subsequent conversion of quinolinate to nicotinic acid (Na) mononucleotide (NaMN). The next biochemical reactions are cytosolic ([@B70]; [@B48]; [@B56]; [@B30]) and shared between NAD biosynthesis and recycling. This thus requires the transfer of NaMN to the cytosol, the transporter for which remains to be discovered. NaMN is adenylylated to nicotinic acid adenine dinucleotide (NaAD) by nicotinate mononucleotide adenylyl transferase (NaMNAT; E.C. 2.7.7.1); then, NAD synthetase (NADS; E.C. 6.3.1.5) finally amidates NaAD to NAD^+^ ([@B23]). As for other nucleotides that are salvaged, NAD^+^ can be recycled *via* the activity of nicotinamidases (NIC; E.C. 3.5.1.19) and nicotinic acid phosphorybosyltransferase (NaPT; E.C. 2.4.2.11) ([**Figure 1**](#f1){ref-type="fig"}). Due to its toxicity, nicotinate is stored in plant cells as Na-conjugates such as nicotinate glucosides and trigonelline (*i.e.*, N-methylnicotinate) by glycosylation *via* Na glucosyltransferase (NaGT; E.C. 2.4.1.196) or methylation *via* Na-N-methyltransferase (NMT; E.C. 2.1.1.7) ([@B38]; [@B42]; [@B43]). While the topology of NAD^+^ synthesis is well documented, the molecular and regulatory details of the corresponding biochemical pathways remain largely unknown, especially for fruit tissues. Deregulation of AO, QS, and QPT levels in *Arabidopsis thaliana* leaves has shown that such enzymes are critical in the control of pyridine nucleotide levels and its derivatives ([@B65]; [@B47]; [@B61]; [@B63]). Na-glucosides have been shown to play a role in seed germination and contribute to resynthesis of NAD^+^ in *Brassicaceae* ([@B43]). Although the physiological role of trigonelline in plants remain unclear, trigonelline can also contribute, to a lesser extent, to the resynthesis of NAD^+^ and undergoes long-distance transport in *Arabidopsis* ([@B72]; [@B75]).

![Basics of nicotinamide adenine dinucleotide (NAD^+^) metabolism in plant cells. Biosynthesis and utilization of pyridine nucleotides ([@B62]). Dot arrows represent transport between the different cellular organelles. Purple and blue arrows indicate *de novo* synthesis pathway of NAD^+^, and the recycling pathway, respectively. Pink arrows represent steps that are shared by these two synthesis pathways. Dashed red arrows indicate nicotinate metabolism. Indigo arrows show NAD(P)H damage and repair, which can be spontaneous or catalyzed by NAD(P)H-hydrate dehydratase and epimerase. AO, aspartate oxidase; ATP, adenosine triphosphate; cADPR(P), cyclic ADP-ribose (phosphate); cETC, chloroplastic electron transport chain; GAPDH, glyceraldehyde-3-phosphate dehydrogenase; mETC, mitochondrial electron transport chain; NaAD, nicotinic acid adenine dinucleotide; NADK, NAD kinase; NADP, NAD phosphate; NADPase, NADP phosphatase; NAD(P)HX, NAD(P)H hydrate; NaMN, nicotinic acid mononucleotide; NaMNAT, NaMN adenylyltransferase; NADS, NAD synthetase; NaGT, nicotinate N-glucosyltransferase; NaPT, nicotinate phosphoribosyltransferase; NDT, NAD^+^ transporter; NIC, nicotinamidase; NMT, nicotinate N-methyltransferase; PARP, poly-ADP-ribose polymerase; PXN, peroxisomal NAD carrier; QPT, quinolinate phosphoribosyltransferase; QS, quinolinate synthase; ROS, reactive oxygen species; TCA, tricarboxylic acid cycle.](fpls-10-01201-g001){#f1}

Besides their redox functions, pyridine nucleotides can be directly consumed by signaling reactions that influence plant physiology through developmental processes and responses to environmental changes, most particularly stress mitigations ([@B29]; [@B62]; [@B22]). This includes calcium signaling ([**Figure 1**](#f1){ref-type="fig"}), translational modification of target proteins by ADP-ribose transfer from NAD^+^ *via* the poly-ADP-ribose polymerases (PARPs, E.C. 2.4.2.30) and mono-ADP-ribosyltransferase (E.C. 2.4.2.31), and epigenetic regulations *via* the sirtuin histone deacetylases (SIRs, E.C. 2.4.2.B14) ([@B36]; [@B12]; [@B40]; [@B23]). Furthermore, Nudix hydrolases (NDXs, E.C. 2.4.2.13) can hydrolyze pyridine nucleotides and participate in signaling functions ([@B39]). NAD(P)H can also undergo spontaneous and enzymatic hydrations that generate NAD(P)H hydrates, which can be subsequently repaired to NAD(P)H by NAD(P)H-hydrate dehydratases (E.C. 4.2.1.93/136) and epimerases (E.C. 5.1.99.6) ([@B55]). Several reviews have previously covered these aspects that link NAD^+^ signaling to plant development and stress responses ([@B49]; [@B29]; [@B62]; [@B22]; [@B23]). For instance, research on pyridine nucleotide signaling mostly focuses on photosynthetic tissues, sometimes roots and seeds ([@B35]; [@B34]; [@B32]). In *Arabidopsis*, changes in NAD(P)^+^ contents drastically alter growth phenotype, as exemplified particularly for genotypes that are affected for the first three enzymes of *de novo* biosynthesis (for a review see [@B22]). Following NAD(H) and NADP(H) levels in *Arabidopsis* developing leaves further indicate a continuous accumulation of the cofactors during foliar growth until the pools drop with flowering ([@B64]). A positive correlation is observed between levels of NAD^+^ and the resistance of *Arabidopsis* plants to several biotic changes, including fungal and bacterial infections ([@B76]; [@B47]; [@B61]; [@B63]). In citrus plants, recent work highlights the importance of exogenous NAD^+^ treatment in inducing resistance against citrus canker ([@B1]). Furthermore, NAD^+^ might leak from the cellular compartment and subsequently induce immune responses, which is further supported by the discovery of a lectin receptor kinase as a potential receptor for NAD^+^ in *Arabidopsis*, also participating in basal resistance against bacterial pathogens ([@B76]). Hence, the implication of pyridine nucleotides as signaling molecules is clearly established ([@B53]).

Only a handful of studies provide fruit-specific concentrations of NAD(H) and NAD(P)H. Although previous changes in pyridine nucleotides have been observed between green and red tomato fruits of MicroTom and Moneymaker cultivars ([@B13]; [@B57]), to our knowledge, no developmental fruit series have been analyzed so far. Tomato fruit is not only an important crop that is widely used for human diet but also pivotal for fruit research ([@B45]). During tomato fruit development, a medium-scale stoichiometric model suggested that biomass synthesis required NADPH and higher ATP hydrolysis at the end of cell expansion ([@B15]). This was further associated with a peak of CO~2~ at the end of tomato ripening coinciding with climacteric respiration of tomato fruit and involved energy dissipation by the mitochondrial alternative oxidase. This was further confirmed by a more detailed stoichiometric model of the respiratory pathway, including alternative oxidase and uncoupling proteins ([@B14]). In grape berry, reducing power equivalents (NADH and NADPH) were also associated with major carbon fluxes, thus supporting a strong link between central metabolism and pyridine nucleotides ([@B67]).

In the present work, as a first attempt to clarify the importance of pyridine nucleotides in the developing fruit, we used a developmental fruit series of nine growth stages of tomato fruit (var. Moneymaker) and measured pyridine nucleotide pools. We further examined quantitative data for transcript and protein levels previously obtained by RNAseq and proteomics ([@B8]) and revealed changes in NAD(P) metabolism during fruit development. Our studies show that NAD(P) metabolism and signaling are very dynamic and crucial to the developing tomato fruit and link to central metabolism.

Materials and Methods {#s2}
=====================

Plant Material and Growth Conditions {#s2_1}
------------------------------------

Tomato fruit pericarps were obtained from *Solanum lycopersicum* L. var. Moneymaker as previously described ([@B10]). Briefly, tomato plants were grown under usual production greenhouse conditions in southern western France (44°23ʹ56ʹʹN, 0°35ʹ25ʹʹE) from June to October, using a nutrient solution (detailed in [@B10]) to adjust plant growth and water supply to the climate *via* a drip irrigation system that maintained 20--30% drainage (pH adjusted to 5.9, electrical conductivity to 2.2 mS.cm^−1^). Flower anthesis was monitored on trusses 5, 6, and 7, and fruits were harvested at nine developmental stages (thereafter referred to as GS1 to 9), at about 8, 15, 21, 28, 34, 42 (mature green), 49 (turning), 50 (orange), and 53 (red ripe) days post anthesis (dpa). Seeds, jelly, and placenta were first removed for each fruit, and the resulting pericarp was cut into small pieces, which were immediately frozen in liquid nitrogen. Pericarp samples were ground to powder and stored at −80°C until further analysis.

Quantification of NAD(P) Contents in Tomato Fruit {#s2_2}
-------------------------------------------------

Total cellular soluble pools of NAD^+^, NADH, NADP^+^, and NADPH were measured from fruit pericarps of nine developmental stages of tomato fruit according to a coupled enzyme assay described previously ([@B61]) using HiT-Me Facility at MetaboHUB-Bordeaux (<https://doi.org/10.15454/1.5572412770331912E12> Plateforme Metabolome Bordeaux, <http://metabolome.cgfb.u-bordeaux.fr/en>). Briefly, from the same fresh ground fruit material (20 mg), oxidized forms NAD^+^ and NADP^+^ were extracted in 200 µl HCl (0.2 N) and reduced forms NADH and NADPH in 200 µl NaOH (0.2 N) as detailed in ([@B64]). Microplate measurements of oxidized NAD^+^ and NADP^+^ ([@B61]) were confirmed from methanolic extracts using ion-pair liquid chromatography coupled to mass spectrometry (LCMS) technique described previously ([@B3]). Resulting metabolite levels were expressed in nmol.g^−1^ fresh weight (FW) for independent bioreplicates (*n* = 3) and checked for statistical significance by ANOVA for global variation and by binary comparison of Student's *t* test (*P* \< 0.05). Volumes of cytosol and all organelles, except vacuole, were used to express metabolite pools as cellular concentrations by dividing pyridine nucleotide pools by the volume corresponding to each growth stage, as previously described ([@B7]).

RNAseq and LC-MS/MS Proteomics of Developing Tomato Fruit {#s2_3}
---------------------------------------------------------

RNA and proteins were extracted and analyzed as described previously ([@B8]) by RNAseq (GeT-PlaGe core facility, INRA Toulouse, France, <http://get.genotoul.fr>) and LCMS/MS-based proteomics (PAPPSO, INRA Moulon, France, <http://pappso.inra.fr/index.php>), respectively. Briefly, total RNA was isolated from frozen tissue powder of tomato pericarp using plant RNA Reagent (PureLink Kit, Invitrogen) followed by DNase treatment (DNA-free Kit, Invitrogen) and purification over RNeasy Mini spin columns (RNeasy Plant Mini Kit, QIAGEN), according to the manufacturer's instruction. RNA integrity was assessed using the RNA 600 Nano Kit with a Bioanalyzer 2100 system (Agilent Technologies). RNAseq was performed at the GeT-PlaGe core facility, INRA Toulouse (France). RNAseq libraries were prepared according to Illumina's protocols using the TruSeq Stranded mRNA Sample Prep Kit to analyze mRNA. Library quality was assessed using an Agilent Bioanalyzer, and libraries were quantified by quantitative PCR (qPCR) using the Kapa Library Quantification Kit. RNAseq experiments were performed on an Illumina HiSeq 2000 or HiSeq 2500 (2x100 bp).

Protein Extraction and Quantification {#s2_4}
-------------------------------------

Total proteins from tomato pericarp were extracted as in ([@B20]). LC-MS/MS analyses were performed with a NanoLC-Ultra System (Nano-2D Ultra, Eksigent, Les Ulis, France) coupled with a Q Exactive Mass Spectrometer (Thermo Electron, Waltham, MA, USA) as in ([@B33]). For each sample, 800 ng (4 μl from a 0.200 ng.μl^−1^ solution) of protein digest were loaded onto a Biosphere C18 pre-column (0.1 × 20 mm, 100 Å, 5 μm; Nanoseparation) at 7.5 μl.min^−1^ and desalted with 0.1% (v/v) formic acid and 2% ACN. After 3 min, the pre-column was connected to a Biosphere C18 nanocolumn (0.075 × 300 mm, 100 Å, 3 μm; Nanoseparation). The raw MS output files and identification data were deposited online using the PROTICdb database (<http://moulon.inra.fr/protic/tomato_fruit_development>).

Protein identification was performed using the protein sequence database of *S. lycopersicum* Heinz assembly v 2.40 (ITAG2.4) downloaded from <https://solgenomics.net/> (34,725 entries). A contaminant database, which contains the sequences of standard contaminants, was also interrogated. Criteria used for protein identification were (1) at least two different peptides identified with an E-value smaller than 0.01, and (2) a protein E-value (product of unique peptide E-values) smaller than 10^−5^. Using reversed sequences as a decoy database, the false discovery rate for peptide and protein identification was respectively 0.05 and 0%.

Data Analysis of mRNA and Protein Profiles {#s2_5}
------------------------------------------

Datasets consisted of 22,877 transcript and 2,375 protein profiles and were made publicly available *via* GEO repository ([@B5]) with the accession number GSE12873 (<https://www.ncbi.nlm.nih.gov/geo/query/acc.cgi?acc=GSE128739>) for the transcripts. The proteomics data have been deposited to the ProteomeXchange Consortium *via* the PRIDE ([@B59]) partner repository with the dataset identifier PXD012877.

Prior to uni- and multivariate statistical analyses, mRNA and protein data were pre-processed to normally distributed data by performing median normalization, cube-root transformation, and Pareto scaling of the data intensities as described previously ([@B8]). Normalized datasets were then used to construct score plots of principal component analysis (PCA) for transcriptomic and proteomic overview using MetaboAnalyst v 4.0 (<http://www.metaboanalyst.ca/>), or dendrograms of clustering analysis by Pearson's correlation with complete clustering linkage using MeV v 4.9.0 (<http://mev.tm4.org/>). Significant markers of both transcripts and proteins were determined by ANOVA after discarding false positives (*P* \< 0.01 corrected for multiple testing by Bonferroni method). Details of ANOVA *P* values are given in [**Supplemental Tables S1-3**](#SM1){ref-type="supplementary-material"}. Transcript and protein features of NAD-dependent functions were selected by identifying domains (InterPro and GO) that were annotated to bind or process pyridine nucleotides using Assembly v 2.40 (ITAG v 2.4) from Sol Genomics (<https://solgenomics.net/>) and UniProt (<https://www.uniprot.org/>). Data mining of publicly available gene expression data was conducted using Tomato Expression Atlas (<http://tea.solgenomics.net/>) ([@B21]). Functional annotation of mRNA and protein markers was performed based on gene ontology using Mercator4 v1.0 (<https://plabipd.de/portal/mercator4>) ([@B66]).

Enzymatic Activities of Dehydrogenases {#s2_6}
--------------------------------------

Malate dehydrogenase and isocitrate dehydrogenase activities were measured according to an in-house protocol ([@B10]). Briefly, aliquots of about 20-mg FW were extracted by vigorous shaking with 500 µl extraction buffer composed of 20% (v/v) glycerol, 0.25% (w/v) bovine serum albumin, 1% (v/v) Triton-X100, 50 mM HEPES-KOH (pH 7.5), 10 mM MgCl~2~, 1 mM EDTA, 1 mM EGTA, 1 mM ε-aminocaproic acid, 1 mM benzamidine, 10 mM leupeptin, 0.5 mM dithiothreitol, and 1 mM phenylmethylsulfonyl fluoride, which was added just before extraction. Enzyme activities were assayed using a robotized platform at HiT-Me Facility \[(MetaboHUB-Bordeaux) <http://metabolome.cgfb.u-bordeaux.fr/en>\] as previously described ([@B25]; [@B69]; [@B27]; [@B26]; [@B68]).

Results {#s3}
=======

Tomato Fruit Development Is Associated With Changes in NAD(P) Pools {#s3_1}
-------------------------------------------------------------------

Fruit development can be divided into three partially overlapping phases, namely, cell division, cell expansion, and ripening ([**Figure 2A**](#f2){ref-type="fig"}), which all have their own metabolic specificity ([@B6]). As a first attempt to clarify the importance of pyridine nucleotides for fruit growth, we measured total cellular NAD^+^, NADP^+^, NADH, and NADPH pools from nine growth stages of tomato fruit (var. Moneymaker) ([**Figure 2B**](#f2){ref-type="fig"}). Oxidized pools were also confirmed by LCMS ([**Figure S1**](#SM2){ref-type="supplementary-material"}). Global changes in the pools of these pyridine nucleotides were statistically significant (ANOVA followed by binary Student's *t* tests) and showed higher levels of both NAD(H) and NADP(H) in the very young fruit, with the highest pools observed at 8 days postanthesis (dpa) for growth stage 1 (GS1) and the lowest for mature green (GS6, 41 dpa) and for red ripe (GS9, 53 dpa) stages of tomato fruit, respectively. Reduced, oxidized, and total content of NAD(H) decreased until the end of cell division (GS4), then firstly increased during cell expansion (GS5--7) and secondly during ripening (GS8--9), while maintaining the NAD(H) pool mainly oxidized during fruit development. Since NAD(P) are mostly present in the chloroplasts, peroxisomes, mitochondria, and cytosol, but not in the vacuole ([@B16]; [@B23]), we could rule out the dilution effect due to the cell expansion ([@B7]) and express NAD(P) contents as concentrations ([**Figure 2C**](#f2){ref-type="fig"}). Differences in concentrations, except for NADH, were statistically significant during fruit growth (ANOVA followed by binary Student's *t* tests) and clearly indicated two distinct waves of accumulation for NAD(H) (*i.e.*, GS5--7 and GS7--9). Simultaneously, NADP(H) only increased during the beginning of development (from GS1 to GS4) as a result of a higher NADPH concentration ([**Figure 2C**](#f2){ref-type="fig"}). Hence, this suggests a fine-tuned NAD(P) homeostasis during tomato fruit development.

![Evolution of NAD(P) contents during tomato fruit development. NAD and NADP pools were measured for nine sequential growth stages (GS) of tomato fruit development **(A)**. Shown are bar plots of replicated metabolite quantifications (*n* = 3) **(B)** and of replicated metabolite quantifications (*n* = 3) normalized to the cytosol and organelles volumes **(C)**. Top and bottom error bars indicate SEM (standard error of the mean) for the reduced and oxidized forms, respectively. Statistical significance for total NAD(P) content is indicated by ANOVA *P* value. Binary comparisons between conditions are indicated by letters (oxidized form, in white), capital letters (reduced form, in blue), and symbols (total content, in black), according to Student's *t* test (*P* \< 0.05). Left panel indicates the concentrations of NAD(P) in nmol.gFW^−1^ whereas the right panel indicates the NAD(P) concentrations in µmol.l^−1^.](fpls-10-01201-g002){#f2}

Transcriptional Changes of NAD Biosynthesis and Metabolism Show Distinct Patterns During Tomato Fruit Growth {#s3_2}
------------------------------------------------------------------------------------------------------------

Next, in order to substantiate the changes in NAD(P), we examined transcript and protein profiles during tomato fruit development that were obtained from RNAseq and proteomics techniques ([@B8]). Raw data (22,877 transcript and 2,375 protein features) were normalized as described previously (median-centered, cube root-transformed, and Pareto-scaled) ([@B8]). We first focused on genes that were associated with NAD^+^ biosynthesis and NAD(P)H damage and repair ([**Figure 1**](#f1){ref-type="fig"}), which included 15 genes ([**Figure 3A**](#f3){ref-type="fig"}). Clustering analysis of mRNA profiles (Pearson's correlation and complete clustering, [**Figure 3A**](#f3){ref-type="fig"}) revealed two main statistically significant clusters (ANOVA with Bonferroni correction, *P* \< 0.01 are listed in [**Table S1**](#SM1){ref-type="supplementary-material"}): one associated with the young fruit (stages 1--4) and another with the ripening fruit (stages 5--9). For the first cluster, early steps of *de novo* biosynthesis of NAD^+^ and NADP^+^ were transcriptionally up-regulated in the young fruit, including AO, QS and QPT, and NADK1 and NADK2 ([**Figure 3A**](#f3){ref-type="fig"}). Interestingly, these enzymes are chloroplastic in *Arabidopsis* ([@B37]) and assumed to be critical for NAD^+^ and NADP^+^ homeostasis, respectively ([@B61]; [@B22]; [@B41]). For the second cluster, later stages of fruit growth coincided with the up-regulation of the expression of genes involved in final steps of NAD^+^ biosynthesis (NaMNAT and NADS), NAD^+^ recycling (NIC and NaPT), and NADP(H) production (NADK3 and NADK4) ([**Figure 3A**](#f3){ref-type="fig"}). This suggests an accumulation of NAD^+^ precursors during the beginning of development (GS1--4) followed by an active synthesis and recycling of NAD(P)^+^ (GS5--9) concurrent with the increased NAD(H) content. Besides, NAD(P)XH epimerase and dehydratase genes are expressed all along fruit development suggesting a continuous NAD(P)H damage and repair ([**Figure 3A**](#f3){ref-type="fig"}). Remarkably, protein profiles failed to include enzymes involved in NAD^+^ synthesis, except for NaPT and NIC that followed mRNA profiles with higher levels during ripening ([**Figure S2**](#SM3){ref-type="supplementary-material"}). This might suggest that most NAD metabolism enzymes were poorly represented quantitatively (*i.e.*, below threshold of protein detection). To test this hypothesis, we checked the absolute expression levels of genes involved in NAD^+^ synthesis as compared to other genes of central cellular functions ([**Figure S3**](#SM4){ref-type="supplementary-material"}). Raw data of mRNA profiles evidenced very low expression values for *AO* in tomato fruit, as compared to *NIC and NaPT*, and more remarkably, as compared to actin- and enolase-related genes ([**Figure S3A**](#SM4){ref-type="supplementary-material"}). Complementarily, data mining of expression profiles from published datasets (<http://tea.solgenomics.net/>; [@B21]) confirmed that the NAD^+^ biosynthesis gene *AO* was expressed at low levels in fruit tissues as compared to other genes ([**Figure S3B**](#SM4){ref-type="supplementary-material"}), which can explain the absence of proteomic hits in our dataset.

![NAD^+^ synthesis **(A)**, consumption **(B)**, and transport **(C)** show transcriptional changes during tomato fruit development. Transcript data were normalized (see *Materials and Methods*) then filtered for statistically significant features (ANOVA with Bonferroni correction, *P* \< 0.01) and subjected to clustering analysis using MeV (<http://mev.tm4.org/>). Shown are Pearson's correlations after complete clustering of mRNA profiles. Names on the right refer to as enzymes of NAD^+^ synthesis **(A)**, consumption **(B)**, or putative transport **(C)**. NIC and NaPT were also found as significantly regulated during fruit growth for protein profiles ([**Figure S2**](#SM3){ref-type="supplementary-material"}). AO, aspartate oxidase; GS, growth stage; NADK, NAD kinase; NAD(P)HX, NAD(P)H hydrate; NaMNAT, NaMN adenylyltransferase; NAD(P)HX, NAD(P)H hydrate NADS, NAD synthetase; NaGT, nicotinate N-glucosyltransferase; NaPT, nicotinate phosphoribosyltransferase; NaMe, nicotinate methyl; NMT, nicotinate methyltransferase; NDT, nicotinamide adenine transporter; NDX, nudix; NIC, nicotinamidase; PARP, poly-ADP-ribose polymerase; PXN, peroxisomal NAD carrier; QPT, quinolinate phosphoribosyltransferase; QS, quinolinate synthase; SIR, sirtuin.](fpls-10-01201-g003){#f3}

Furthermore, we analyzed transcriptional changes of NAD^+^ catabolism involved in signaling and metabolism of nicotinate including 13 genes of PARPs, SIR, NDXs, NaGTs, NMTs, and NaMe esterase that demethylates NaMe into Na ([**Figure 3B**](#f3){ref-type="fig"}) ([@B23]). Clustering analysis (Pearson's correlation with complete clustering) unveiled three main significant clusters (ANOVA with Bonferroni correction, *P* \< 0.01 are listed in [**Table S1**](#SM1){ref-type="supplementary-material"}). The young fruit correlated with an up-regulation of genes associated with NaGT and NMT functions, while older fruit (GS3--GS6) showed increased gene expression for PARP and NDX. The ripening fruit was associated with higher expression of genes associated with PARP, NMT, NaMe esterase, and NDX ([**Figure 3B**](#f3){ref-type="fig"}).

Finally, we evaluated transcriptional changes of transporter genes that linked to putative pyridine nucleotide transport ([**Figure 3C**](#f3){ref-type="fig"}). Transcript levels observed during early fruit development (GS1--4) correlated with the expression of NDT-like transporters suggesting an active transport of NAD(P) and its derivatives across the chloroplastic and mitochondrial membranes. Cell elongation (GS4--6) and ripening (GS7--9) phases were associated with higher expression of both PXN and NDT-like transporters, thus supporting the idea of an active NAD(P) transport during fruit development.

Altogether, RNAseq data demonstrate a profound reprogramming of NAD(P) metabolism during fruit growth, more specifically toward a stimulation of the synthesis of NAD^+^ precursors (*AO*, *QS*, and *QPT*) in chloroplast of young fruits, which was concurrent with the expression of NDT-like transporters. This was followed at later stages of fruit development by an active synthesis (*NaMNAT* and *NADS*) and recycling (*NIC* and *NaPT*) ([**Figure 3**](#f3){ref-type="fig"}), concomitantly with increased NAD(H) pools and concentrations ([**Figure 2**](#f2){ref-type="fig"}).

Transcriptional Changes of Genes Associated to NAD(P)-Dependent Enzymes During Tomato Fruit Growth {#s3_3}
--------------------------------------------------------------------------------------------------

To get a more global overview of the metabolic functions relating to pyridine nucleotides during tomato fruit growth, we analyzed the expression profiles of the genes that we could associate to NAD/P(H)-dependent functions. A selection of 442 NAD(P)-dependent features (see *Materials and Methods*) was subjected to PCA to display the global impact of growth stages on transcriptional changes for those features ([**Figure 4A**](#f4){ref-type="fig"}). PCA explained 70% of the maximal variation in the mRNA profiles, where PC1 (59.6%) separated stages 1 to 6 from stages 7 to 9. This suggests a differential reprogramming at mRNA level of NAD(P)-dependent between cell division and expansion (GS1--6), and fruit ripening (GS7--9). Next, we filtered the same features for statistical significance (ANOVA with Bonferroni correction, *P* \< 0.01 are listed in [**Table S2**](#SM1){ref-type="supplementary-material"}), which provided 119 mRNA markers that were retained for subsequent clustering analysis (Pearson's correlation, complete clustering) ([**Figure 4B**](#f4){ref-type="fig"}). Tomato fruit development was associated with four clusters distributed along the different growth stages, for which functional classification was performed based on gene ontology using Mercator4 v1.0 (<https://plabipd.de/portal/mercator4>; ([@B66]). This led to the identification of 13 different functional categories ([**Figure 4C**](#f4){ref-type="fig"}) in which mitochondrial activity (18% of the total significant features) is the largest category represented for all growth stages. Cluster 1 corresponded to the beginning of tomato fruit development (GS1 to 5) and contained 19 genes mainly involved in energy supply for central metabolism, *i.e.*, photosynthesis (21%) and mitochondrial activity (5%). Cluster 1 further harbors several genes linked to central metabolism such as lipid-, sugar-, lignin-, and cell wall--related metabolisms (11, 10, 16, and 5%, respectively). Cluster 2 covered cell division and cell expansion stages of fruit growth and contained 36 genes mostly related to central metabolism \[*i.e.*, cell wall, sugar, lipid, amino acid metabolism (28, 8, 8, 5%, respectively)\] that are essential to cell proliferation by providing building blocks ([**Figure 4C**](#f4){ref-type="fig"}). In addition, cluster 2 presented a substantial proportion (25%) of unknown functions or of genes involved in specialized metabolism (17 and 8%, respectively). Cluster 3 was represented only by six genes which were expressed from GS4 to GS6 (*i.e.*, the end of fruit expansion) and that were annotated to pigment synthesis, lipid, amino acid, and cell wall metabolisms (17% each) ([**Figure 4C**](#f4){ref-type="fig"}). Cluster 4 contained the larger number of significant mRNA markers (58) that coded for genes mostly involved in mitochondrial activity (34%), but also the maintenance of redox homeostasis, lipid, amino acid, secondary pathways (9% each), and protein degradation (2%). Overall, gene expression for NAD(P)-dependent functions during fruit growth emphasizes the importance of pyridine nucleotides as cornerstones of central metabolism, which provides building blocks and energy for development. Importantly, NAD(P)-related mitochondrial functions seem crucial for fruit growth, more specifically at the onset of ripening.

![Expression of genes for NAD(P)-dependent enzymes reveals distinct clusters during tomato fruit growth. Normalized transcript data of 442 transcript features of NAD(P)-dependent enzyme (see Materials and Methods) were visualized **(A)** for global impact of the growth stage of tomato fruit by PCA (with maximal variation given into brackets). Same features were then filtered (ANOVA with Bonferroni correction, *P* \< 0.01) and subjected to clustering analysis **(B)** using MeV (<http://mev.tm4.org/>). Shown are Pearson's correlations after complete clustering of 119 significant mRNA profiles. Four clusters were identified and analyzed for functional classification based on their gene ontology annotations **(C)**. GS, growth stage.](fpls-10-01201-g004){#f4}

Protein Profiles for NAD(P)-Dependent Enzymes During Tomato Fruit Growth {#s3_4}
------------------------------------------------------------------------

In addition to mRNA profiles, we further examined protein profiles for NAD(P)-dependent enzymes through global analysis by PCA of 128 protein features from normalized data, and by clustering of 78 significant protein markers (ANOVA with Bonferroni correction, *P* \< 0.01 are listed in [**Table S3**](#SM1){ref-type="supplementary-material"}). In contrast to transcript signatures ([**Figure 4A**](#f4){ref-type="fig"}), PCA better segregated the protein patterns according to GS1, GS2, and GS3 then merged GS4 to GS6, separated GS7, and gathered GS8 and GS9 ([**Figure 5A**](#f5){ref-type="fig"}). This suggests that proteomics of NAD(P)-dependent enzymes is particularly sensitive to fruit growth. Complete clustering analysis by Pearson's correlation resulted in three main clusters ([**Figure 5B**](#f5){ref-type="fig"}) for which functional annotation of protein sequences was performed based on gene ontology using Mercator4 v1.0 leading to the identification of 12 different functional categories ([**Figure 5C**](#f5){ref-type="fig"}) in which mitochondrial activity (19% of the total significant markers) was the largest category represented across all growth stages. To confirm the proteomic output, we measured enzyme activities of isocitrate dehydrogenase (NADP^+^-dependent) and malate dehydrogenase (NAD^+^-dependent) ([**Figure S4**](#SM5){ref-type="supplementary-material"}), which showed similar profile during fruit growth as compared to normalized protein concentration.

![Protein profiles for NAD(P)-dependent enzymes unveil distinct clusters during tomato fruit growth. Normalized protein data 127 NAD(P)-dependent enzyme (see Materials and Methods) were visualized **(A)** for global impact of the growth stage of tomato fruit by principal component analysis (PCA with maximal variation given into brackets). Same features were then filtered (ANOVA with Bonferroni correction, *P* \< 0.01) and subjected to clustering analysis **(B)** using MeV (<http://mev.tm4.org/>). Shown are Pearson's correlations after complete clustering of 78 significant protein profiles. Four clusters were identified and analyzed for functional classification based on their gene ontology annotations **(C)**. GS, growth stage.](fpls-10-01201-g005){#f5}

Firstly, cluster 1 is comprised of 27 NAD(P)-dependent proteins that accumulated mainly during the beginning of tomato fruit development (GS1--4) and during the ripening phases (GS7--9) for some of them ([**Figure 5C**](#f5){ref-type="fig"}). This cluster could be divided into three segments; the first one contained enzymes involved in central metabolism (56%) such as cell wall-, sugar-, lipid-, and nitrogen-related metabolism and pentose phosphate pathway (15, 15, 11, 11, and 4%, respectively). The second portion is devoted to the energy production *via* the mitochondrial activity, constituting 15% of this cluster. The remaining part is represented by enzymes involved in specialized metabolism or unknown functions (15 and 15%, respectively) ([**Figure 5C**](#f5){ref-type="fig"}). Secondly, cluster 2 included 28 proteins, which coincided with the fruit enlargement (GS1--6) within half of them that are stimulated during cell expansion (GS4--GS6). The most represented enzymes in this cluster are those involved in secondary pathways (29%) and mitochondrial functions (18%) ([**Figure 5C**](#f5){ref-type="fig"}). Strikingly, central metabolism accounted for 42%, mainly because of cell wall and sugar metabolism (11% each) but also because of amino acid and lipid metabolism, glyoxylate cycle, and pentose phosphate pathway (7, 3, 3, and 7%, respectively) ([**Figure 5C**](#f5){ref-type="fig"}). Finally, cluster 3 was constituted by 23 NAD(P)-dependent enzymes that were found during fruit ripening (from GS7 to GS9). Quite importantly, enzymes involved in mitochondrial activity were mainly represented (26%) in this last cluster, followed by proteins participating in redox homeostasis (18%) and secondary pathways (13%). Central metabolism (21%) remained noticeable due to the presence of enzymes involved in lipid and amino acid metabolisms, pentose phosphate pathway, and protein degradation (9, 4, 4, and 4%, respectively) ([**Figure 5C**](#f5){ref-type="fig"}). Hence, while protein and mRNA profiles of NAD(P)-dependent markers only showed partial overlap during tomato fruit growth, central metabolism and more particularly mitochondrial functions were critically linked to pyridine nucleotides.

Discussion {#s4}
==========

Pyridine nucleotides have received considerable attention for their metabolic, redox, and signaling functions in plant tissues ([@B29]; [@B62]; [@B22]; [@B23]). However, very little is known about the importance of these metabolic cofactors for fruit growth. In this study, we examined the contribution of pyridine nucleotides to fruit growth by analyzing NAD(P) metabolism at transcriptome and proteome scales as well as NAD(P)^+^ and NAD(P)H contents and concentrations during nine sequential stages of tomato fruit development.

Although previous changes in pyridine nucleotides have been observed between green and red tomato fruits of MicroTom and Moneymaker cultivars ([@B13]; [@B57]), our study presents for the first time the changes of NAD(P) contents and concentrations during nine sequential stages of tomato fruit development. As previously observed ([@B13]), the highest contents (nmol.gFW^−1^) were measured during early developmental phases ([**Figure 2**](#f2){ref-type="fig"}), concomitantly with the expression of genes involved in early reactions of NAD^+^ *de novo* synthesis (AO, QS, and QPT) ([**Figure 3**](#f3){ref-type="fig"}), also assumed to control critically NAD(P) levels and its derivatives ([@B61]; [@B63]). Firstly, NAD(H) contents and concentrations showed two distinct accumulations mainly caused by increased NAD^+^ at the beginning of cell elongation and ripening (GS5 and GS8) ([**Figure 2**](#f2){ref-type="fig"}). Concurrently, transcript analysis unveiled a stimulation of further steps of NAD^+^ *de novo* synthesis and recycling pathway ([**Figure 3A**](#f3){ref-type="fig"}). Secondly, NADP(H) contents dropped during cell division (GS1--4) whereas concentrations were augmented as a result of increased NADPH concentrations. Furthermore, cell expansion and ripening phases displayed a decrease in both NADP(H) contents and concentrations. Since NAD(P) are mostly present in organelles other than the vacuole ([@B16]; [@B23]), concentrations seem more relevant to understand the involvement of NADP(H) in fruit development ([**Figure 2C**](#f2){ref-type="fig"}). However, pyridine nucleotide concentrations that are reported here and in previous studies represent pooled contents of subcellular metabolites rather than the *in vivo* original compartmentalized concentrations, which are known to differ between organelles ([@B23]). Such differences in subcellular concentrations might affect the enzyme activities that depend on pyridine nucleotides as cofactor. Meta-analysis of *K~m~* values for plant dehydrogenases ([@B4]) showed that total cellular concentrations of NAD(P) measured in our study were higher than the median *K~m~* values of plant NAD(P)-dependent enzymes ([**Figure S5**](#SM6){ref-type="supplementary-material"}). This indicates that concentrations of pyridine nucleotides in the developing fruit are sufficiently high that they would not limit NAD(P)-dependent enzyme activities, as previously suggested ([@B9]). In growing tissues, such as *Arabidopsis* pollen tubes ([@B32]), or here in young tomato fruit that is characterized by a *turbo* metabolism due to high enzyme activities ([@B10]), plant development requires higher NAD^+^ and reducing power (NADPH) ([@B23]). High concentrations of NADP(H) in young fruits ([**Figure 2C**](#f2){ref-type="fig"}) might be associated with photosynthesis that remains active in green fruits, as detected in our transcript analysis ([**Figure 4C**](#f4){ref-type="fig"}) and previously reported ([@B46]). Furthermore, mRNA and protein analyses indicated a primary accumulation of NAD^+^ precursors (GS1--4) before the activation of *de novo* and recycling (GS4--9) pathways during tomato fruit growth ([**Figure 3**](#f3){ref-type="fig"}), which correlated with both contents and concentrations of NAD(H). Interestingly, the stimulation of NaMNAT and NADS at transcript levels ([**Figure 3A**](#f3){ref-type="fig"}) occurred just before the increase in NAD(H) concentrations ([**Figure 2C**](#f2){ref-type="fig"}). On the other hand, catabolism of NAD(P) *via* signaling functions appeared continuous during fruit development but resulted from different catabolic pathways ([**Figure 3B**](#f3){ref-type="fig"}) as well as transport of NAD(P) and their precursors ([**Figure 3C**](#f3){ref-type="fig"}). This indicates that NAD(P) contents are sustained as key metabolic regulators for fruit growth by different synthesis and degradation pathways. Precursors are synthesized by early enzymes of *de novo* synthesis of NAD^+^ (AO, QS, QPT); then, latter enzymes of synthesis and salvage routes (NaMNAT, NADS, NIC, NaPT, NaGT, and NAD(P)H-hydrate epimerase and hydratase) ([**Figure 1**](#f1){ref-type="fig"}) allow for NAD(P) homeostasis. This agrees with previous works which have demonstrated the importance of AO, QS, and QPT in modulating NAD^+^ levels that influence plant development ([@B37]; [@B65]; [@B61]; [@B22]). Likewise, *Arabidopsis* NICs were also reported to influence NAD^+^ contents ([@B35]; [@B74]). Metabolism of nicotinate has also received recent attention in various plant species ([@B50]; [@B42]; [@B75]). In this context, we observed increased expression of NMT and NaMe esterase genes in the developing fruit ([**Figure 3**](#f3){ref-type="fig"}), suggesting that Na metabolism is important to sustain NAD(P) homeostasis. Nicotinate conjugates are particularly difficult to measure *via* MS-based metabolomics due to unreliable ionizations of such compounds in the mass spectrometer, as it is the case for NAD^+^ and nicotinamide ([@B28]). Further research combining MS and NMR techniques is necessary to confirm the molecular and regulatory details of nicotinate metabolism in fruit.

In all biological systems, a plethora of cellular processes need NAD(P) as coenzymes, including both biosynthetic pathways and the catabolism of biomolecules which support energy production ([@B22]). Mitochondria are the powerhouse of the cell that ensure energy supply by regenerating NADH and providing ATP and are considered to contain the highest proportion of cellular NAD(H). Several studies have shown that modifying mitochondrial functions result in changes of NAD(P) contents that not only greatly influence plant growth ([@B17]; [@B19]; [@B18]; [@B58]; [@B51]; [@B13]; [@B57]; [@B60]) but also stress responses ([@B63]; [@B23]), thus placing pyridine nucleotides as critical regulators of plant performance. In line with this, we demonstrated that NAD(P)-dependent enzymes appeared mainly related to central metabolic pathways, including one-fifth of mitochondrial functions ([**Figures 4C**](#f4){ref-type="fig"} and [**5C**](#f5){ref-type="fig"}). This agrees with a critical role of mitochondrial NAD(P) metabolism for tomato fruit growth, as elegantly demonstrated in mutant tomato fruit that are affected in TCA cycle ([@B2]). Additionally, we showed that mRNAs and proteins that related to NAD(P)-dependent enzymes exhibited distinguishable profiles during fruit development. We further identified a global separation between ripening and previous developmental stages (*i.e.*, cell division and expansion) ([**Figures 4A**](#f4){ref-type="fig"} and [**5A**](#f5){ref-type="fig"}), based on the profiles of both NAD(P)-dependent mRNAs and proteins. This suggests a growth stage-dependent reprogramming of NAD(P) metabolism. Concurrently, we observed a growth stage-dependent stimulation of the different central metabolism branches (amino acid-, lipid-, sugar-, and cell wall--related metabolism) at both transcript and proteomic levels ([**Figures 4C**](#f4){ref-type="fig"} and [**5C**](#f5){ref-type="fig"}), thus emphasizing the link between NAD(P) and carbon and nitrogen metabolisms. This raises the question about NAD(P) signaling during fruit development ([@B31]), as further exemplified by a notable proportion of NAD(P)-dependent enzymes that related to redox homeostasis at mRNA and protein levels, especially those involved in ascorbate--glutathione cycle, and other specialized pathways (e.g., anthocyanins biosynthesis). Here, we showed that cellular division phases displayed an increase in reducing power equivalent (NADPH) while cellular expansion and ripening phases harbored a higher oxidized state. Hence, pyridine nucleotides appear pivotal for fruit development in supplying energy and precursors for central metabolism while assuring redox homeostasis and secondary metabolites accumulation. For a better comprehension of NAD(P) involvement in cellular processes, future works should also include the study of protein turnover, especially protein synthesis rate that has been shown to control protein levels in developing tomato fruit ([@B8]).

Climacteric species (e.g., tomato, banana, kiwi.) are characterized by a metabolic shift from normal development state, known as climacteric crisis, that is associated with the conversion of starch into soluble sugars and CO~2~ ([@B52]; [@B14]), and which is concomitant with higher ATP levels and respiratory fluxes. Interestingly, from a transcript perspective, 50% of the significant NAD(P)-dependent genes that were identified as up-regulated during ripening belonged to enzymes involved in the key respiratory burst during ripening of climacteric fruits ([**Figure 4**](#f4){ref-type="fig"}) in accordance with previous reports ([@B10]; [@B15]; [@B14]). Moreover, mitochondrial functions represented a notable proportion of both protein and transcript markers, and more specifically, a greater proportion (\>75%) within the NAD(P)-dependent ripening-related markers, thus supporting the idea that climacteric respiration is *(i)* regulated by mitochondrial activity and *(ii)* essential for fruit ripening ([**Figures 4B, C**](#f4){ref-type="fig"}). In tomato fruit, the energy peak results from an excessive carbon supply coming from starch and cell wall degradation, and a decrease in carbon demand as a result of arrested cell expansion ([@B14]). In agreement, several sugar- and cell wall--related NAD(P)-dependent markers are identified to be up-regulated shortly before and during ripening ([**Figures 4**](#f4){ref-type="fig"} and [**5**](#f5){ref-type="fig"}). Besides, NAD(P)-dependent markers involved in redox homeostasis were also up-regulated mainly during ripening ([**Figures 4**](#f4){ref-type="fig"} and [**5**](#f5){ref-type="fig"}). Despite the energy peak and the control of redox balance, ripening is also associated with a wide range of metabolic processes resulting in organoleptic changes reflected by an increased sweetness, and nutritional value. This further agrees with a concurrent accumulation of soluble sugars and others amino acids coming from starch and protein degradation, respectively ([@B6]). Here, functional clustering identified an increase of NAD(P)-dependent transcript and protein levels involved in protein catabolism only during ripening phases as well as amino acid-related metabolism markers ([**Figures 4**](#f4){ref-type="fig"} and [**5**](#f5){ref-type="fig"}). Finally, latter stages of NAD^+^ synthesis and recycling were stimulated during ripening at both transcript and protein levels ([**Figure 3**](#f3){ref-type="fig"}) that resulted in an augmented NAD(H) concentrations ([**Figure 2**](#f2){ref-type="fig"}), probably to sustain the high metabolic activity during fruit-ripening process. Collectively, these results indicate that NAD(P) is a core component of tomato fruit ripening, which not only participates in the climacteric respiration *via* a stimulation of mitochondrial activity but also sustains energy supply for numerous biosynthetic pathways that relate pyridine nucleotide metabolism to fruit development and quality.

Conclusion {#s5}
==========

This study is a first step toward a better comprehension of the implication of NAD(P) in fruit development. Our results demonstrate a crucial role of NAD(P) during the whole process of fruit growth with distinct functions between the cellular division, expansion, and ripening stages. Further experiments are required to decipher which biochemical and molecular mechanisms are triggered by pyridine nucleotides and participate in the control of fruit development. Due to the high reactivity of such redox metabolites, metabolic modeling tools might provide a great alternative to predict fluxes of NAD(P) during fruit development and a better understanding of these mechanisms that will help to improve fruit performance, thus allowing better strategies for crop productions.

Data Availability Statement {#s6}
===========================

The datasets generated for this study can be found in <https://www.ncbi.nlm.nih.gov/geo/query/acc.cgi?acc=GSE128739>, GSE128739.

Author Contributions {#s7}
====================

PP designed the work with inputs from GD, BB, SC, and YG. GD, IB, BB, SB, CC, SA, and MG performed the experiments. GD, BB, PP, SP and PB analysed the data with substantial data interpretation from all the authors. GD and PP wrote the manuscript with inputs from all the authors.

Funding {#s8}
=======

The authors are grateful for financial support from INRA BAP, University of Bordeaux and to the FRIMOUSS (ANR-15-CE20-0009-01), MetaboHUB (ANR-11-INBS-0010) and PHENOME (ANR-11-INBS-0012) projects. The doctoral school *Sciences de la Vie et Santé* at Université de Bordeaux is also acknowledged for granting PP with PhD funding for GD (bourse fléchée ministérielle 2018-2021).

Conflict of Interest {#s9}
====================

The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.

Supplementary Material {#s10}
======================

The Supplementary Material for this article can be found online at: <https://www.frontiersin.org/articles/10.3389/fpls.2019.01201/full#supplementary-material>

###### 

Click here for additional data file.

###### 

Click here for additional data file.

###### 

Click here for additional data file.

###### 

Click here for additional data file.

###### 

Click here for additional data file.

###### 

Click here for additional data file.

[^1]: Edited by: Michael James Considine, University of Western Australia, Australia

[^2]: Reviewed by: Jeffrey Charles Waller, Mount Allison University, Canada; Alberto A. Iglesias, National University of the Littoral, Argentina

[^3]: This article was submitted to Plant Physiology, a section of the journal Frontiers in Plant Science
